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Abstract

Liposomes are highly versatile structures for research, therapeutic, and analytical applications. In order to assess the quality of liposomes
and obtain quantitative measures that allow comparison between different batches of liposomes, various parameters should be monitored. For
liposomes used in analytical and bioanalytical applications, the main characteristics include the average diameter and degree of size polydis-
persity; encapsulation efficiency; the ratio of phospholipids to encapsulant concentration; lamellarity determination. A detailed description
of today’s most commonly used methods and of novel techniques for the quantification of these aspects is presented in this report citing
182 references. Their advantages and limitations are discussed where appropriate in order to provide the reader with an understanding of the
c
©

K

C

1

t
o
f
o
T
a

DNA

n
g the
ance
f

at can
es a

0

urrent state of the art assessment of liposome quality.
2005 Elsevier B.V. All rights reserved.
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. Introduction

Liposomes are highly versatile structures for research,
herapeutic, and analytical applications. They are composed
f a lipid bilayer with the hydrophobic chains of the lipids

orming the bilayer and the polar headgroups of the lipids
riented towards the extravesicular solution and inner cavity.
heir structure is similar to that of cells, and thus can be used
s a more easily characterized vessel for studying interactions

between membrane lipids and biomolecules such as
[1] and proteins[2], permeability of ions[3,4] and drugs[5],
and elucidating the mechanism of action of pesticides[6] and
antibiotics on target organisms[7,8]. Liposomes have bee
used as models in several recent studies for estimatin
partitioning of drugs into cells by surface plasmon reson
[9,10] and chromatography[11–13]. A general overview o
liposomes as analytical tools is given by Edwards et al.[14].
In this report, techniques and methods are described th
be used to quantitatively describe liposomes. This provid
∗ Corresponding author. Tel.: +1 607 255 5433; fax: +1 607 255 4080.
E-mail address: ajb23@cornell.edu (A.J. Baeumner).

means of comparing different batches of liposomes and gen-
erates data that assist in the understanding of liposomes and
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their use in a variety of different application areas. Charac-
teristics discussed in this report include liposome lamellarity,
diameter and size distribution, lipid composition and con-
centration determination, the encapsulant concentration and
its encapsulation efficiency. Techniques used to determine
these properties include31P NMR, dynamic light scattering,
atomic force microscopy (AFM), fluorescence spectroscopy,
HPLC and various wet chemistry methods. Other commonly
monitored parameters, that are not described in more detail
here, include surface charge through zeta potential measure-
ments[15], phase transitions through differential scanning
calorimetry[16–18], and quantification of residual solvents
through gas chromatography[19]. For a general background
and discussion of traditional liposome preparation, analysis,
and application the reader is referred to an excellent book that
has also been published recently[20].

2. Lamellarity determination

The lamellarity of liposomes made from different lipids
or preparation procedures varies widely. This is evidenced
by reports showing that the fraction of phospholipid exposed
to the external medium has ranged from 5% for large multi-
lamellar vesicle (LMVs)[21] to 70% for SUVs[22]. Lipo-
some lamellarity determination is often accomplished by31P
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been used for the detection of aminolipids at 420 nm[32,33].
Under certain conditions, the bilayer permeability of TNBS
is minimized such that only the aminolipids on the exte-
rior bilayer contribute to the signal. Lysis of liposomes by
a surfactant such as Triton X-100 allows TNBS to interact
with interior aminolipids as well and yields the total signal
[30]. In another method, the addition of periodate to phos-
phatidylglycerol results in the oxidation of the diol present
in the lipid yielding an aldehyde and release of formalde-
hyde. The released formaldehyde reacted with chromotropic
acid to yield a product, which was subsequently detected at
570 nm[34]. This method has been used for the determina-
tion of external reactive groups on liposomes[35]. In another
method, the quenching of NBD fluorescence is obtained by
sodium dithionite[36,37]. NBD-labeled lipids are highly flu-
orescent at low concentrations (<1 mol%) in membranes, but
undergo self-quenching at increased concentrations[38]. In
this approach, the NBD–PE fluorescence initially is from
all lipids in the sample. Under appropriate conditions, the
addition of sodium dithionite quenches the fluorescence of
only the NBD–PE existing on the outer bilayer[36]. The
percentage of external lipid is found by dividing the change
in fluorescence upon dithionite addition by the total fluores-
cence, corrected for scattering[30].

These methods assume that the lipid of interest is dis-
tributed evenly over all lipid layers, that the rate of inversion
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MR. In this technique, the addition of Mn2+ quenches th
1P NMR signal from phospholipids on the exterior fa
f the liposomes[23]. Mn2+ interacts with the negative
harged phosphate groups of phospholipids and cau
roadening and reduction of the quantifiable signal[24].
he degree of lamellarity is determined from the signal r
efore and after Mn2+ addition. While frequently used, th

echnique has recently been found to be quite sensiti
he Mn2+ and buffer concentration and the types of li
omes under analysis[24,30]. Other techniques for lamella
ty determination include electron microscopy[25,26], smal
ngle X-ray scattering (SAXS)[27–29], and methods that a
ased on the change in the visible or fluorescence sign
arker lipids upon the addition of reagents[30]. The latte
pproach will be reviewed in more detail since it is a r

ively simple procedure that can easily be carried out
tandard lab.

Several lipids can be incorporated into liposomes w
ill exhibit a change in signal upon the addition of c

ain reagents. These include amino lipids, such as p
hatidylethanolamine (PE) or phosphatidylserine (PS);
escently labeled lipids, such as 7-nitro-2,1,3-benzoxadi
-yl (NBD)-phosphatidylethanolamine; hydroxyl-contain

ipids, such as phosphatidylglycerol, phosphatidylinisito
lycolipids[30]. All of these methods rely on the comparis
f the total signal to the signal achieved from the reactio

he marker lipids with specified reagents. For example
V-absorbance at 420 nm of 2,4,6-trinitrobenzenesulf
cid (TNBS) increases in the mixture as a result of c
lex formation with primary amines[31]. This property ha
etween layers is negligible, and the reagents used to
he signal change are impermeable to the membrane ov
ime course of the measurements. A detailed comparis
ome of these lamellarity determination methods is avai
n a recent study by Gruber and Schindler[30].

. Size determination

Several techniques are available for assessing submi
ter liposome size and size distribution. These include s
nd dynamic light scattering[22,39,40,57], several types
icroscopy techniques[41–43], size-exclusion chromato

aphy (SEC)[44], field-flow fractionation[45–47], and ana
ytical centrifugation[41]. Several variations on electr

icroscopy (EM) such as transmission EM using nega
taining[28,35], freeze-fracture TEM[48,52], and cryo EM
42,49,50], provide valuable information on liposome pre
ations since they yield a view of morphology and can res
articles of varying sizes. However, they require complic
ample preparation, remove the liposomes from their n
nvironment, generate artifacts, can induce shrinkage
hape distortion, and are time consuming to obtain a
esentative size distribution of the population, thus are
menable to being a routine measurement[51–53]. Some
f these problems may be overcome to yield reprodu
nd accurate results through careful attention to sa
reparation, as outlined in a recent review of cryoelec
icroscopy of liposomes[42].
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Another more recently developed microscopic technique
known as atomic force microscopy has been utilized to study
liposome morphology, size, and stability[54–57]. This tech-
nique relies on the raster scanning of a nanometer sized
sharp probe over a sample which has been immobilized onto
a carefully selected surface, such as mica or glass, which
is mounted onto a piezoelectric scanner[58,59]. The tip is
attached to a flexible cantilever. Deflection resulting from
passage of the tip over sample attributes is measured by a laser
beam. The reflected laser beams are then detected at photodi-
ode array detectors which through a feedback mechanism,
maintain the distance of the probe, amplitude of oscilla-
tion, or the cantilever deflection constant, depending on the
scanning mode[43,62]. The end result is a high resolution
three-dimensional profile of the surface under study. Differ-
ent modes of AFM are available, including contact/repulsive
mode (either constant height, constant deflection, or tapping
modes) and non-contact/attractive mode[60–62]. In constant
height mode, the probe is maintained at a constant distance
above the sample while the deflection of the cantilever is mon-
itored [43,60]. In constant force mode, the deflection of the
cantilever is maintained constant and the height of the piezo-
electric scanner supporting the sample is adjusted[43,63]. In
tapping mode, the sharp probe oscillates at high frequency
while scanning across the sample. Sample features change
the amplitude of oscillation as the probe makes contact on its
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of large particles before smaller particles. Conventional SEC
is frequently used for the separation of liposomes from unen-
capsulated materials as a final purification step, but the use
of HPLC-SEC for analysis offers increased resolution of
liposome populations, reduced sample size, and better repro-
ducibility [44]. More thorough discussions of HPLC-SEC
for size determination of liposomes are available in recent
articles by Grabielle-Madelmont et al.[44], Lundahl et al.
[13], and Lesieur et al.[70]. One recommended commer-
cially available column is the ethylene glycol-methacrylate
gel packed TSK-G6000PW which has a separation range
from 20 to >500 nm[70,71]. These columns have also been
used in series with G5000PW or G4000PW columns to pro-
vide higher resolution of smaller liposomes or low molecular
weight species[44,72,73]. An osmotically balanced mobile
phase at relatively low pressures (10–15 bars[44]) helps to
prevent damage, swelling, or shrinkage of the liposomes
[44]. Coupled with refractive index detection, fluorescence
detection, or detection of radiolabeled lipids (where applica-
ble), HPLC-SEC can offer a powerful technique for not only
size distribution determination, but also stability in terms of
aggregation[70] and vesicle permeability[73]. Detection of
turbidity in the UV range suffers from light scattering effects,
which require correction for particle size and morphology
[70,90]. Off-line analyses such as phosphorous or cholesterol
determinations (discussed further in Section4) may also be
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ottom stroke of oscillation. Tapping mode is often app
or the analysis of soft materials since it minimizes frictio
nd adhesive forces[55,64]. While the former exerts later

orces on the sample under study, the latter minimizes
orces but exerts larger point forces[43]. The high resolu
ion (∼1Å) afforded by AFM has been utilized to exam
he effects of cholesterol on the mechanical stability of
olk phosphatidylcholine liposomes[55]; the effects of acti
ncapsulation on liposome shape[65]; the effects of lipid
omposition on liposome stability in terms of size and sh
56]. The technique permits visualization of liposomes w
ut much alteration of their native form, provided that
equisite surface immobilization does not adversely a
he sample and that the force of the probe itself does
ave deleterious effects on the vesicles. While both m
ave been used for liposome analysis, the latter effect
inimized when AFM is performed in tapping mode wh

he probe is not in constant contact with the sample[66].
owever, in addition to probe-dependent effects, the n
tructure of liposomes may be destroyed upon intera
ith the surface through the formation of planar bilayers
utcome which is dependent on lipid compositions, lipos
izes, and buffer compositions[67–69].

HPLC using size-exclusion chromatography can be
o separate and quantify liposome populations accordi

time-based resolution of hydrodynamic size. The po
acking material used in this technique excludes large sp

rom the internal pore volume which is more available
maller species leading to their longer retention on the
mn. This mechanism leads to separation based on the e
one to provide an assessment of the lipid quantities pr
n each separated peak. Other light scattering detectors
s MALS and DLS will be discussed further in this sect
isadvantages of HPLC for size determination of liposo
ainly stem from recovery issues. These include unwa
dsorption of lipids to the column packing and destruc
f liposomes which contain lipids that have higher affi

or the column material than the composite lipids, bot
hich necessitate presaturation of the LC column with li
rior to analysis[13,44]. In addition, the rigidity of the lipi
ilayer, which is a function of the lipid composition, play
ole in the retention and recovery of liposomes. The rigi
f the bilayer dictates whether liposomes of larger diam
an deform to enter pores smaller than their hydrodyn
iameters would otherwise dictate. While the slow diffus
f liposomes limits resolution at high flow rate, low flow ra
an result in increased adsorption of liposomes to the co
acking materials[13]. Thus, while hydrodynamic size a
ubsequent molecular weight information can be obta
hrough this technique, the accuracy of this determina
s based on the use of a well-matched (both by shape
hemical composition) set of standards[74]. Potential van
er Waals and electrostatic interactions of sample co
ents with the column packing material may affect the elu
rofile and lead to the misrepresentation of molecular we

75]. Lastly, while suitable packing materials are availa
or the resolution of small to moderately sized liposom
he resolution of large liposomes (>0.8�m) is not possi
le using existing commercially available packing mate

13].
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Field-flow fractionation (FFF) is a technique which over-
comes some of the limitations of HPLC in liposome analysis,
and composes a family of techniques, including electrical (El)
[76], thermal (Th)[77], sedimentation (Sd)[78–80], and flow
(Fl) FFF (symmetrical[81] and asymmetrical[82,83]). These
techniques rely on the application of a field which is perpen-
dicular to the direction of flow. Excellent reviews of FFF are
available in several recent articles[84–86]. While SdFFF has
been used for the analysis of liposomes[87–89], the relative
simplicity of the FlFFF technique has increased its applica-
tion towards liposome analysis in recent years[44,47,107].
The mechanism of FlFFF versus SdFFF for liposome analy-
sis differs in that FlFFF separates vesicles on a hydrodynamic
size basis, whereas SdFFF separates them on a weight basis.
The former technique yields diameter data for multilamellar
vesicles versus unilamellar vesicles, whereas the latter treats
similarly sized MLVs as comparatively heavy particles[107].
Subsequent references to FFF in this document will be to the
FlFFF form. Rather than a solid phase as is used in HPLC,
FFF uses a channel wall which consists of a semipermeable
membrane chosen with a MWCO suitable for the particles
under study. This membrane allows the carrier fluid to pass,
but not the particles of interest. The laminar flow profile
causes particles located closer to the walls of the channel to
move slower than particles in the center of the channel, while
the perpendicular flow propels all particles toward the mem-
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column which reduces the potential of shear degradation and
losses due to adsorption of the samples under study; minimal
sample preparation requirements[84,85,94,95]. The disad-
vantages of FFF include the complexity and expense of the
instrumentation; limited commercially available membrane
options leading to potential loss of sample through adsorption
or permeation; separation mechanism considerations above
a vesicle diameter of 1�m; liposome retention dependence
on ionic strength, as outlined in[75,96,107].

Both of these separation techniques rely on calibration
standards to correlate observed retention times with molecu-
lar weights, unlike dynamic and static light scattering meth-
ods. Dynamic light scattering ((DLS) (otherwise known as
quasi-elastic light scattering (QELS) or photon correlation
spectroscopy (PCS)) is extensively used in liposome size
distribution analysis[40,97,98]. DLS measures the time-
dependent fluctuations of light scattered from particles expe-
riencing Brownian motion, which results from collisions
between suspended particles and solvent molecules. Light
scatter from monodisperse particles yields an intensity cor-
relation function of the form outlined in Eq.(2) [99] whereI,
t, andτ are the intensity, time, and the shift in time from the
previously measured time, respectively.

G(τ) =
∫ ∞

0
I(t)I(t + τ) dt (2)
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rane[53]. Diffusion due to Brownian motion of particl
n a size-based manner reduces the accumulation of sm
articles against the membrane wall. Retention times in

echnique are proportional to the hydrodynamic diamet
he particles since smaller particles reach an equilibrium
ion further from the channel walls and hence experience
rag from the perpendicular flow[90]. The equation relatin

he retention time to the particle’s Stoke’s radius is show
q.(1), whereds is the Stoke’s diameter,tr the retention time
the Boltzman constant,T the temperature,η the carrier vis
osity,ω the channel thickness,V the volumetric flow rate o
hannel flow, andVr is the cross-flow rate[46].

s = tr
2kTV

πηω2Ve
(1)

hereas in HPLC-SEC, large liposomes elute first, in
al mode FFF, small liposomes elute first due to their hi
iffusion coefficient and subsequent higher elevation f

he accumulation wall[91]. Moon et al. demonstrated ba
ine separation of five polystyrene latex standards ran
rom∼50 to 430 nm diameter within 35 min[46]. Additional

echanisms of separation termed steric or hyperlayer m
ave been elucidated for particles greater than 1�m diame-

er and result in the elution of larger species prior to s
pecies. This change in elution pattern is due to further
rusion and hydrodynamic lift forces, respectively, of lar
articles which place them into faster portions of the
ier stream[85,92,93]. The advantages of the FFF techn
nclude the wide range of particle sizes that can be sepa
∼1 nm–100�m) with high resolution; the lack of a pack
(τ) = B + Ae−2q′Dτ (3)

s time→ ∞, G(τ) is normalized to 1 (the baseline). T
iffusion coefficient (D) is found through fitting the cor

ation curve to the single exponential decay form show
q.(3), whereB is the baseline,A the amplitude, andq is the
cattering vector which depends on the refractive index o
edium, the wavelength of the incident laser, and the a
t which the scattered light is detected[99]. Multimodal dis-

ributions exhibit a correlation function which is best fit
multi-exponential model, whereas that from random n

acks the exponential decay form. Calculation of the d
ion coefficient (D) yields the hydrodynamic radius (rh) of
he particles under study through the Stokes–Einstein e
ion, shown in Eq.(4), wherek is the Boltzmann constant,T
he temperature, andη is the solvent viscosity.

h = kT

6πηD
(4)

he hydrodynamic radius (Stokes radius) of the partic
efined as the apparent size of the hydrated sphere and
ulated from the radius of a sphere that diffuses at the
ate[99]. The diffusion coefficient is a function of the dec
ate of the autocorrelation function as well as a scattering
or which is dependent on the refractive index of the med
he incident wavelength, and the scattering angle. Furthe
ussions on light scattering theory are available in se
ecent review articles[39,99]. The correlation function co
ains particle size information for all of the particles measu
nd requires deconvolution by an autocorrelator for res
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tion of particle sizes[99]. The mathematical methods used
for deconvolution are beyond the scope of this report, how-
ever they typically consist of an intensity weighted, single
exponential fit assuming a monomodal distribution (cumulant
method[100,101]) and a method which is applicable for mul-
tiple exponential fits, and thus can resolve multimodal distri-
butions (CONTIN[39] or non-negative least squares (NNLS)
are common examples[99].) The strengths of the technique
include the ability to make measurements in native environ-
ments; its sensitivity to small quantities of high molecular
weight aggregates; ease of commercially available instrument
operation; minimal sample volume, concentration, and/or
preparation requirements[99,96]. It also covers a large size
range of species spanning the low nanometer to low microm-
eter range. However, DLS is dependent on the algorithms
used for deconvolution, and thus care should be taken when
comparing the results from one study to another when differ-
ent instruments are employed[97,172]; resolution and size
analysis of multimodal samples can be unreliable, depending
on the relative amounts of each species[102]; the technique
does not yield particle shape information[46]; it can yield
a bias towards reporting larger diameters when small quan-
tities of high molecular weight aggregates or impurities are
present in the sample[127].

While DLS relies on detection of light scatter at 90◦ using
time-dependent light scattering fluctuations, static light scat-
t atter
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distributed liposomes prior to analysis by DLS[127]. With
liposomes of high polydispersity, fractions collected follow-
ing HPLC or field flow fractionation separation may be ana-
lyzed by DLS or MALS for a more accurate resolution of
particle size. Coupled with DLS[107]or MALS [46,47,108],
FFF has been applied for liposome size distribution analysis
in several recent reports. The combination of a size-based
separation mechanism requiring calibration standards with
an absolute means for detection provides a powerful means
for size distribution analysis. In addition, since DLS and
MALS signals are dependent on both the molecular mass
and the concentration of the species of interest, separation
also provides for concentration detection (i.e. refractive index
or absorbance).

Several other less conventional techniques have been
applied for liposome size distribution analysis that are not dis-
cussed in more detail here, including NMR[109], flow cytom-
etry [110–112], right-angle light scattering[37,113,114],
capillary zone electrophoresis[115,116], and turbidity
[37,113].

4. Quantitative lipid analysis

Several wet chemistry techniques are commonly used
for the determination of phospholipid content. Most of
t ining
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ering (SLS) measures the time-average intensity of sc
s a function of the angle[103]. Multi-angle light scatterin
MALS) utilizes the angular distribution of scattered ligh
etermine the root mean square radius, the weight-ave
olecular weight, and the geometry of the particles[45]. The

xpression for the scattering of dilute particles is given in
5).

KC

Rθ

=
(

1

M
+ 2A2C

) [
1 + 16πr2R2

g

3λ2 sin2
(

θ

2

)]
(5)

hereK is an optical constant based on refractive index
avelength components,C the particle concentration,Rθ the

atio of scattered light intensity to incident light intens
Raleigh ratio),M the absolute molecular weight,A2 the
econd virial coefficient,Rg the radius of gyration,λ the
acuum wavelength of the incident radiation, andθ is the
cattering angle[104]. This technique requires knowled
f analyte concentration and refractive index incremen

he calculation of the molar weight and the second v
oefficient, however this is unnecessary for the determ
ion of the root mean square (rms) radius[105]. The latter is
efined as the mass weighted average distance from the
f mass. MALS provides an absolute measure of mol

ar weight without comparison to reference standards, u
ize-exclusion chromatography[106].

Both of these light scattering techniques can benefit
he prior application of a method of particle size separa
53,108]. A recent article highlighted the importance of p
icle size separation for the accurate resolution of bro
r

hese techniques include the use of molybdate-conta
eagents to yield a blue-colored product. One such me
s the Bartlett assay which relies on the digestion of org

aterials in liposome samples by 160◦C sulfuric acid
xidation to inorganic phosphates by hydrogen perox
hosphomolybdate formation upon interaction with am
ium molybdate, followed by reduction through interac
ith 1,2,6-aminonaptholsulfonic acid at 100◦C [117]. A
lue product forms which can then be read at 830 nm fo
uantitative assessment of phospholipids in the prepar

n the ascorbic acid method, ammonium molybdate re
ith orthophosphates formed from acid digestion to y
hosphomolybdic acid. This compound is then reduced
scorbic acid to yield a blue-colored solution, read at 82

118,119]. Through reaction of molybdophosphoric a
ith nonpolar molecules containing quaternary ammon
alts or amines, such as lecithin or phosphatidylcholin
ater insoluble salt is formed which may be extracted
hloroform for the colorimetric determination of nitrogen
hospholipids at 680 nm[120]. This method is specific

hat only hydrophobic molecules which contain an e
rophilic nitrogen are extracted into chloroform and yi
he blue color. Phospholipids can also be analyzed thr
omplex formation with ammonium ferrothiocyana
xtraction into chloroform, and absorbance measureme
88 nm[121]. This method does not suffer from interfere
y endogenous inorganic phosphates, but the sign
ependent on the headgroups of the lipids present
hows poor response to phosphatidylglycerol[20]. Flu-
rescence enhancement of 1,6-diphenyl-1,3,5-hexa
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in the presence of phospholipids has also been reported
[122].

Enzymatic assays for phosphatidylcholine[123] and
cholesterol[124] are commercially available and widely
used[125–127]. The former method utilizes phospholipase
D to hydrolyze phospholipids to release free choline; the
free choline is then oxidized to form betaine aldehyde, fol-
lowed by betaine and hydrogen peroxide, by choline oxidase;
the generated hydrogen peroxide causes oxidative coupling
of phenol and 4-aminoantipyrine mediated by peroxidase
to yield quinoneimine dye which is measured at 505 nm
[128,129]. The latter method relies on hydrolysis of choles-
terol esters with cholesterol ester hydrolase, followed by
oxidation of the cholesterol by cholesterol oxidase and sub-
sequent production of hydrogen peroxide. This product also
oxidatively couples 4-aminoantipyrine to phenol in the pres-
ence of peroxidase to yield a blue-colored quinoneimine dye,
which shows strong absorption at 500 nm[124].

Chromatographic techniques such as HPLC, GC, and thin
layer chromatography (TLC) can be used to separate and
quantify the lipids composing lipid bilayers[130,131]; can be
used to quantify coupling efficiencies[132,133]; to measure
lipid hydrolysis or oxidation[134–136]. These approaches
eliminate significant restrictions which are otherwise placed
on liposomes during preparation when either chemical or
enzymatic methods are used. For example, liposomes can-
n when
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acetone, triethylamine, acetic acid,n-hexane, and methanol
for the separation of (lyso)phospholipids and phospholipids
(including phosphatidylglycerol, phosphatidylcholine, and
phosphatidylethanolamine) using ELSD[144]; a gradient
method utilizing methanol, chloroform, ammonium hydrox-
ide, and water for the separation of common phospholipids
using ELSD on a diol column[145]; a trimethylsilyl col-
umn with chloroform, methanol, water for the separation of
cholesterol, DPPC, and a carbohydrate-labeled DPPE[125].
GC analysis of lipids typically requires a derivatization step to
ensure sufficient volatility of the components, either through
trimethyl silylation [135] or methyl esterfication[134,141]
prior to detection by flame ionization (FID)[134] or MS
[135].

In many cases, pretreatment of liposomes to disrupt the
lipid bilayers is completed prior to chromatographic analy-
sis using methods such as dilution of the aqueous liposome
suspension with alcohols such as 2-propanol, ethanol, or
methanol[130,134]; extraction of lipids into chloroform sol-
vent mixtures[134,146,147]; or surfactant-induced bilayer
disruption[148]. The choice of procedure is dependent on
the mobile phase employed in the analytical method and the
degree of lipid solubility/recovery. However, some methods
have been reported that do not require lipid extraction[149].
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TLC methods for phospholipid analysis often rely
ipid separation using a mixture of chloroform, metha
nd water[132] or ammonium hydroxide[140]. Detection
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ontent. For HPLC analysis, detection of lipids in the
ange is limited to∼200–210 nm due to their lack of chr
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ipids is more frequently accomplished by refractive in
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ion [126,144,145]. HPLC analysis conditions have inclu
00% methanol on a S-5 ODS-1 column for the dete
ation of cholesterol using UV detection[130]; on a YMC
iol-NP column running a gradient method compose
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. Encapsulant determination

Methods for determining the amount of material enc
ulated within liposomes typically rely on destruction of
ipid bilayer using the methods outlined in Section4 and
ubsequent quantification of the released material[150,164].
n these measurements, the signal due to intact lipos
s typically monitored prior to bilayer disruption. The te
iques used for this quantification depend on the nature o
ncapsulant and include spectrophotometry[151,152], fluo-
escence spectroscopy[153], enzyme-based methods[154],
nd electrochemical techniques.

If a separation technique such as HPLC or FFF is app
he percent encapsulation can be expressed as the ra
he unencapsulated peak area to that of a reference sta
f the same initial concentration[45,155]. This method ca
e applied if the liposomes do not undergo any purifica
SEC, dialysis, etc.) following preparation. Either techni
erves to separate liposome encapsulated materials
hose that remain in the extravesicular solution and h
an also be used to monitor the storage stability in term
eakage or the effect of various disruptive conditions on
etention of encapsulants. In the latter case, total lysis c
nduced by the addition of surfactant[44]. Some authors hav
ombined the size distribution and encapsulation effici
etermination in one assay by using FFF-MALS couple
concentration detector suitable for the encapsulant[46].
Since techniques used to separate free from lipos

ncapsulated contents can potentially cause leakage o
ents and, in some cases, ambiguity in the extent of se
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tion, research using methods that do not rely on separation
are of interest. Reported methods have included1H NMR
where free markers exhibited pH sensitive resonance shifts
in the external medium versus encapsulated markers[156];
diffusion ordered 2D NMR which relied on differences in dif-
fusion coefficients of entrapped and free marker molecules
[157]; fluorescence methods where the signal from unencap-
sulated fluorophores was quenched by substances present in
the external solution[158]; electron spin resonance (ESR)
methods which rely on the signal broadening of unencapsu-
lated markers by the addition of a membrane-impermeable
agent[159,160].

The terminology varies widely with respect to the ability
of various liposome formulations to encapsulate the target
molecules. Many papers express results in terms of ‘per-
cent encapsulation’ (sometimes referred to as ‘incorporation
efficiency’[101], ‘trapping efficiency[164]’, or the encapsu-
lation efficiency (EE)[161,162]) which is typically defined
as the total amount of encapsulant found in the liposome
solution versus the total initial input of encapsulant solu-
tion. This value depends not only on the ability of the lipo-
somes to capture the encapsulant molecules (dependent on
lipid/buffer composition, liposome type (small unilamellar
vesicle (SUV)/multilamellar vesicle (MLV)/large unilamel-
lar vesicle (LUV)), preparation procedure, etc., as reviewed
by Kulkarni et al.[163]), but also on the initial molar amount
o tions
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[171]. Thus, all aspects of the processes under consideration
may be compared directly using these latter parameters.

6. Characterization of liposomes with respect to
manufacturing

Despite their versatility, difficulties in manufacturing have
hindered more widespread applications of liposomes. Poor
particle size reproducibility, high cost of manufacture, and
questionable stability are contributing factors[169,172].
Liposome size, shape, and lamellarity dictate the amount
of material that can be encapsulated within their aqueous
cavities. Thus, a good understanding of ideal liposome char-
acteristics for specific applications is required and liposomes
need to be quantitatively studied for this purpose. Ideally,
liposomes used for commercial purposes should have a repro-
ducible, homogeneous size distribution. Liposome size is
dependent on the details of the preparation technique (i.e.
sonication times, extrusion pressures, and lipid composi-
tion [98,173–175]) and dependent on the lipid composition,
liposomes may fuse or aggregate over time[176]. Many
techniques are available for size distribution assessment. A
concise overview of many of these size determination tech-
niques, including others not covered here, is available in
a review article by Provdor[96]. The optimal method for
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hould be maintained constant for comparison. This repr
ation of the degree of encapsulation is suitable for comp
reparation processes provided that no losses of the e
ulant occur during preparation.

Other authors define the encapsulation efficiency
ncapsulation capacity[163], as the molar amount of mark
er mole of lipid [164–166] which is obtained by divid

ng the concentration of encapsulant by the concentr
f lipid. A similar definition is suggested expressing EE o
eight (mg) encapsulant per mM of lipid basis[167]. Another
ommonly used parameter is the captured (or encapsul
olume, defined as�L of entrapped volume/�mol of lipi
168]. An excellent review of captured volume obtained fr
arious procedures used to make liposomes is availab
erkins et al.[168]. This number ranges from 0.5�L/nmol

or SUV and MLV preparations to 30�L/nmol for LUVs
169]. Unlike the ‘percent encapsulation’ parameter c
reviously, these representations require knowledge o
hospholipid concentration through methods outlined in

ion 4. Both of these values are dependent on liposome
nd lamellarity[170]. While the initial concentration of targ

n the aqueous phase may affect the process leading to a
ncapsulation, the initial value is not factored into the fi
ol target:mol phospholipid calculation. Moribe et al. h

eported that the encapsulation efficacy following prep
ion (weight encapsulant per weight of lipid) was depen
n the initial weight ratio of encapsulant to phospholip
-

he application is dependent on several factors, inclu
ase of use/interpretation, whether individual vesicles or
ampling is desired, and whether observation of liposo
n their native environment is preferable. While it is of
ssumed that liposomes are spherical in shape, some s
ave reported an elongated structure, dependent on pr
smotic, and lipid properties[177,178]. Thus, an analys
ethod which incorporates both size and morphology in
ation is often desireable. The lipids used in liposome fo

ion can become oxidized or hydrolyzed to form lysoph
holipids resulting in bilayer permeability changes. Th
ffects can be minimized by adding antioxidants such a�-

ocopherol or BHT; storing the liposome preparation un
n atmosphere of nitrogen or argon; ensuring that pero

orming solvents are completely removed from the pre
ation prior to storage[170]. The chromatographic metho
ited in this review provide the ability to monitor lipid, a
ubsequent, liposome stability.

The methods outlined in this article provide quality con
or many key liposome characteristics, however additi
ethods specific to the application may be required[179].
hese methods include characteristics such pH, osmo
nd surface charge, or may need to address other i
uch as removal of endotoxins and liposome steriliza
hich need to be considered when the end liposome
ct is to be used for medicinal purposes. Residual solv
ay be toxic when liposomes are used to encapsulate
nd can cause liposome destabilization upon storage
ent removal poses a more significant issue when the
ize of liposomes is increased[169]. All of these consid
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erations are accentuated when liposomes are to be used as
drug delivery vehicles[169]. If liposomes are prepared under
well-controlled conditions, and if their characteristics are
optimized for their specific application, they can be truly
amazing and versatile tools ameliorating the specific applica-
tion significantly. Several pharmaceutical compounds using
liposomes as a drug-delivery system are currently approved
by the FDA, including doxorubicin, daunorubicin, ampho-
tericin B, morphine, and cytarabine[180,181]. When used for
drug encapsulation, liposomes offer the ability to formulate
a drug for sustained release, targeted delivery, and extended
longevity of sensitive encapsulated molecules. Another of
many positive examples of liposome uses is their applica-
tion in bioanalytical systems. They have be shown to provide
enormously lowered limits of detection in simple biosensor
assays while staying functional and stable for more than 12
months of storage at 4◦C [182].
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